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Quantifying forces in cell biology
Pere Roca-Cusachs1,2*, Vito Conte1* and Xavier Trepat1,2,3,4*

Cells exert, sense, and respond to physical forces through an astounding diversity of mechanisms. Here we review recently 
developed tools to quantify the forces generated by cells. We first review technologies based on sensors of known or assumed 
mechanical properties, and discuss their applicability and limitations. We then proceed to draw an analogy between these 
human-made sensors and force sensing in the cell. As mechanics is increasingly revealed to play a fundamental role in cell 
function we envisage that tools to quantify physical forces may soon become widely applied in life-sciences laboratories.

The study of the interplay between physical forces and cell function 
dates back to well before the term ‘mechanobiology’ was coined. In 1917, 
D’Arcy Thompson published his celebrated work On Growth and Form, 
in which he discussed how physical forces contribute to determining the 
size and shape of living organisms1. Even earlier there was evidence that 
cells sense and adapt to physical forces; for instance, that shear stress con-
trols the size of blood vessels2 and that mechanical loading causes bone to 
thicken3. Early studies also pioneered tools to apply and measure physi-
cal forces in biology at the cellular and subcellular levels. Also in 1917, 
Chambers developed a micro-needle system to conclude that churning 
a fertilized sand dollar egg resulted in the reversible disappearance of 
the aster4. A few decades later, Crick measured material properties of 
the cytoplasm by developing magnetocytometry tools to twist and drag 
internalized magnetic particles5.

Mechanobiology is thus not a new field but its far-reaching implica-
tions and the unexpected diversity of mechanisms have placed it at the 
forefront of current research6. We know today that cells probe their envi-
ronment through physical forces sufficient to differentiate mesenchymal 
stem cells7, initiate transcriptional programs8, drive morphogenesis9, 
direct cell migration10, and control malignancy11. The mechanisms by 
which forces mediate these responses have been traditionally attributed 
to one-step mechanochemical switches located at cell–extracellular 
matrix (ECM) adhesions12, cell–cell adhesions13, the plasma membrane14, 
and the nucleus15. In analogy with ligand–receptor binding, activation of 
the mechanochemical switch would trigger a signalling cascade of pure 
biochemical nature that would leave no downstream role for mechanics. 
In contrast, current evidence indicates that there is constant cross-talk 
between biochemistry and mechanics during mechanotransduction16,17. 
Thus, a full understanding of mechanobiology requires the development 
of tools to measure cellular forces over multiple time and length scales.

We can intuitively understand the concept of force in cell biology 
in terms of cellular push and pull but we cannot measure force in cell 

biology as we measure length or time. In fact, we cannot measure force 
directly in any field of science because Newton’s second law defines force 
as a quantity that can only be indirectly assessed through the direct 
measurement of other mechanical quantities, such as the material prop-
erties and deformations of physical bodies. Consequently, we may only 
quantify force through force measurement systems, which are made up 
of a force sensor and an associated measuring instrument. The force 
sensor is a physical device that receives a physical stimulus related to 
force as the input and transduces it to a physical quantity that is directly 
measurable through the associated instrument. The most familiar force 
measurement system may be Newton’s dynamometer, which is essen-
tially a spring scale (the force sensor) that transduces the weight of a 
mass into a length deformation that can be read through a simple ruler 
(the associated instrument).

Based on analogous principles, biophysicists have developed systems 
devised to work as force sensors in cell biology that transduce force 
into measurable physical quantities such as a mechanical deformation 
or light. Direct measurement of these physical quantities ultimately 
allows the quantification of force once the material properties of the 
force sensor are either known or assumed. In the first section of this 
Review, we focus on techniques based on quantifying the extent to 
which cellular forces deform inert materials of known mechanical 
properties (Fig. 1a–c,e–l; Table 1). In the second section, we review 
techniques that require assumptions of material properties, and we dis-
cuss their range of applicability (Fig. 1d,m–t; Table 1). Finally, we draw 
an analogy between force sensing in the cell and human-made tools to 
probe physical forces (Table 2). This Review focuses on techniques to 
quantify forces actively generated by cells, thus excluding techniques 
in which forces are exogenously applied. Hence, we do not discuss 
magnetic tweezers, optical tweezers, stretchable substrates, fluid flow, 
or micropipette aspiration, which are often used to either probe cel-
lular responses to force or to measure mechanical quantities such as 
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Figure 1 Force quantification techniques for cell biology. (a–d) 2D traction microscopy and monolayer stress microscopy. Phase contrast microscopy of 
migrating MDCK cells (a). Superposition of microbead images in the substrate underlying cells during migration (pseudocoloured in green in the inset) 
and after cell removal via trypsin (pseudocoloured in red in the inset) (b). Traction forces along the x‑axis of the cells shown in a (c). Inter- and intracellular 
stresses (xx-component of the epithelial stress tensor) (d). Scale bar, 50 μm. (e,f) Micropillars. Scanning electron micrographs of a micropillar array without 
cells (e) and with an adhered smooth muscle cell (f). Scale bar, 10 μm. (g,h) Cantilevers. Images of a C2.7 cell adhered to a rigid substrate at the bottom and 
to a flexible plate (cantilever) at the top. After the cell establishes initial contact (g) it adheres to both substrates and exerts contractile force (h), deflecting 
the cantilever. (i,j) Inserts. Confocal section through an aggregate of GFP-positive tooth mesenchymal cells (green) containing fluorocarbon droplets (red) 
coated externally with ligands for integrin receptors (i). 3D reconstruction of fluorocarbon droplets showing values of the anisotropic stresses mapped on the 
droplet surface (j). Scale bar, 20 μm. (k,l) Molecular sensors. Colour map images displaying the FRET index in a transfected vinculin tension sensor (VinTS) 
and localized to cell–ECM adhesions (k), with corresponding inset images (l). Low index indicates high force. Scale bar, 20 μm. (m–p) Laser ablation. Incision 
of a stress fibre in living cells via a laser nanoscissor. A laser nanoscissor severs a single stress fibre bundle in an endothelial cell expressing EYFP-actin 
(arrowhead indicates the position of the laser spot; scale bar, 10 μm) (m). Ends of the severed stress fibre (inset in p) splay apart over a period of 15 seconds 
(n–p). (q–t) Force inference. Cells from the amnioserosa and adjacent lateral ectoderm (upper left corner) of a Bownes stage 13 Drosophila embryo (q). Water 
shedding is used to segment the image to obtain cell boundaries (r). Circular fitting is used to determine edge curvatures and edge tangent angles at the triple 
junctions (s). The force-inference equation sets are solved and edge tensions and inner cell pressures are computed in relative units (t). Figures adapted with 
permission from: a–d, ref. 90, Elsevier; e,f, ref. 44, PNAS; g,h, ref. 151, PNAS; i,j, ref. 60, Nature America Inc.; k,l, ref. 66, Macmillan Publishers Ltd;  
m–p, ref. 95, Elsevier; q–t, ref. 152, Elsevier.
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cell stiffness, rheology, adhesion, surface friction, and fracture stress. 
We refer the reader to excellent recent reviews on these methods18–20.

Force sensors based on known material properties
We begin by reviewing technologies in which forces are quantified from 
the deformation of materials of known mechanical properties. These 
technologies provide an exact readout within measurement noise, and 
they operate over several orders of magnitude in length, time and force; 
their detection range spans the few piconewtons required to quickly 
unfold a cryptic binding site, up to the hundreds of nanonewtons 
required to slowly remodel epithelial tissue.

Traction microscopy. The earliest technique to measure cellular forces 
is traction microscopy (Fig. 1a–c; Table 1)21. Traction microscopy maps 
stresses (force per unit area) at the cell surface by measuring deformations 
of the surrounding material. Virtually every adherent cell that has ever 
been probed exerts a contractile force upon its underlying 2D ECM-
coated substrate. If the substrate is sufficiently soft, the applied force will 
deform it to a measurable extent. Traction microscopy is based on meas-
uring this deformation by comparing two images of fiduciary markers 
embedded in the substrate or attached to its surface. The first image is 
obtained when the cell is applying a force on the substrate (loaded image) 
and the second when the substrate is fully relaxed (unloaded image or 
reference image). Recent implementations of this technique involve print-
ing fluorescent markers with regular spacing on the gel surface to avoid 
the need for a reference image22,23. Image-processing algorithms com-
pare the loaded and unloaded images to provide a displacement map 
(also called displacement field) of the deformed gel, that is, a map that 
shows the extent to which each pixel of the substrate has shifted from 
its relaxed position as a consequence of the force exerted by the cell. 
Typical substrates used for traction microscopy include polyacrylamide 
or silicon-based gels. Both types of gels are linear elastic and optically 
transparent, their elasticity can be tuned over several orders of magnitude, 
and they can be readily coated with ECM7,23–25. A variety of computational 
methods can be used to retrieve the traction maps from the displace-
ment field21,26–30. Over time, traction microscopy has been dramatically 
improved in terms of computation time26 and spatial resolution24,31–33.

Traction microscopy was originally conceived to compute the 2D force 
field exerted by a single cell on a 2D substrate21,26 but has been extended 
to multicellular clusters28 and to 2D substrates of arbitrary stiffness pro-
files10. The 2D approximation is valid in many experimental conditions 
but cells generally exert 3D forces on 2D substrates, and some cell types 
exhibit a normal traction component comparable to the in-plane one34. 
3D forces on 2D substrates (often referred to as 2.5D tractions) can be 
computed using the same principle described above, provided that the 
displacement field of the substrate is measured in 3D35–37.

A far more complicated problem is the computation of 3D traction 
fields in cells embedded in 3D ECMs. Unlike the 2D and 2.5D cases in 
which the deformable substrate is tightly engineered by the experimen-
talist, the 3D ECM is continuously synthesized, degraded, and remod-
elled by the cell, which precludes a straightforward interpretation of 
a deformation field in terms of a force field. For example, it is unclear 
whether a large deformation in the vicinity of the cell is caused by a high 
traction or by local ECM degradation. Moreover, physiological ECMs 
are composed of fibres with highly non-linear force-extension relation-
ships, and some of these fibres extend whereas others buckle in the same 

microscopic volume element. To avoid the issues associated with non-
linearity and non-affinity of the ECM, Legant et al. computed 3D trac-
tion fields using synthetic, matrix metalloprotease (MMP)-cleavable 
polyethylene glycol (PEG) gels rather than native ECM38. Alternatively, 
Steinwachs et al. developed a continuum approach that incorporates 
non-affine properties of the ECM39. The applicability of these 3D trac-
tion approaches is still far from that of 2D traction microscopy, but they 
have already hinted at distinct mechanical behaviour in a 3D compared 
with a 2D environment. For example, force applied by MDA-MB‑231 
breast carcinoma cells appears to be independent of ECM concentration 
and stiffness in 3D39.

Traction microscopy is experimentally straightforward in its simplest 
applications but its popularity has been limited by the need of advanced 
software, a limitation now mitigated by the availability of open source 
codes and ImageJ plugins40–42. Nonetheless, there are important exper-
imental caveats. For example, the computational problem of exactly 
determining the traction field from the displacement field is said to 
be mathematically ill-posed. This means that the addition of a small 
amount of measurement noise in the displacement field can lead to 
a large error in the traction field42. Thus, high-quality displacement 
fields are essential and the appropriate data handling through filtering 
and regularization must be carefully considered for each application. 
In addition, non-linear and poroelastic models of hydrogel substrates 
should be progressively incorporated into routine algorithms to 
improve data quality at large deformations.

Cantilevers and micropillars. As an alternative to deformable sub-
strates, contractile surface forces are often measured using cantilevers 
(Fig. 1e–h; Table 1). Cantilevers are elongated structures with a constant 
cross-section made of an elastic material that are attached to a stiff sub-
strate at one end and free at the other end. A force exerted on the free end 
causes cantilever bending and, if sufficiently small compared with can-
tilever length, cantilever displacement and force are proportional. Thus, 
cell forces can be readily measured from displacements if the proportion-
ality constant (spring constant) is known. Spring constants can be cal-
culated for simple shapes using elasticity theory if the length, shape and 
stiffness of the material are known or calibrated, for instance by tracking 
cantilever thermal fluctuations43. Microfabrication techniques allow the 
production of arrays of cylindrical micrometre-scale cantilevers called 
micropillars, usually made of polydimethylsiloxane (PDMS)44–48 or poly-
acrylamide49,50, that serve as cellular substrates (Fig. 1e–f). If the pillars 
are spaced closely enough and their apical surface is selectively coated 
with ECM, cells attach and exert forces only at the pillar tips. Thus, cell 
forces can be measured from pillar displacements and mapped at the 
subcellular level.

This approach has a few advantages over traction microscopy based 
on continuous substrates. First, displacements can be calculated from 
undeflected pillar positions in the uniform grid, without requiring a 
reference image. Second, displacements of a given pillar only depend 
on the force applied to that pillar, making force calculation simpler and 
less computationally intensive. Finally, the dependence of stiffness on 
micropillar geometry allows the generation of heterogeneous mechanical 
environments without altering material properties51, and abrupt changes 
in pillar shape can generate steep rigidity gradients52. Furthermore, mag-
netic actuators can be inserted in individual pillars to provide additional 
mechanical stimuli53,54. However, there are also disadvantages. The 
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Table 1 | Summary of techniques to measure cellular forces.

Known material properties

Force range Length scale
Measured 
quantity

In vivo? Strengths Limitations References Schematic 

2D traction 
microscopy

1–104 Pa 10–1–103 μm
Substrate 

displacement
No

Absolute measurement
Tunability of substrate 

stiffness
Output is a 2D map

Computationally involved
High sensitivity to 

displacement noise
21–42

3D traction 
microscopy

10–104 Pa 10–1–102 μm
ECM 

displacement
No

Cells in 3D environment
Output is a 3D map

Computationally very 
involved

Unknown ECM material 
properties close to the 

cell
Physiological ECM is 

non-linear

38,39

Micropillars
10–2–

102 nN
10–1–1 μm

Pillar 
displacement

No

Absolute measurement
No reference image 

required
Simple force calculation

Discrete rather than 
continuous adhesion

Difficult to compare to 
physiological 
environments

Small stiffness range

44–54

Cantilevers
10–2–

102 nN
10–103 μm

Cantilever 
displacement

No

No reference image 
required

Simple and precise 
force measurements in 

real time

Requires contact
Low throughput

56–59

Inserts 10–1–104 Pa 10–102 μm
Insert 

deformation
Yes

In vivo
Control of adhesion 

specificity
Versatile

Requires microinjection
No measurement of 

shear stress
No measurement of 

isotropic stress

60–62

Genetically 
encoded 
molecular 
sensors 

1–10 pN 1–10 nm
Fluorescence 

signal
Yes

Measures forces per 
molecule

Molecular specificity

No directional 
information

Difficult calibration
Low signal-to-noise ratio

64–70

Synthesized 
molecular 
sensors 

1–100 pN 1–10 nm
Fluorescence 

signal
No

Higher force range than 
genetically encoded 
molecular sensors

Easier force calibration

Only available for 
extracellular ligands

72–78

Unknown material properties

Monolayer 
stress 

microscopy
1–103 nN 1–103 μm

Unbalanced 
traction

No
Exact solution in 1D
Straightforward if 

tractions are known
Model assumption in 2D 80–92

Laser 
ablation

NA 0.1–103 μm
Wound 

deformation
Yes

Multiscale
Relatively simple 
implementation
High precision of 

perturbation

Relative measurements
Invasive

93–109

Force 
inference

NA 10–103 μm
Contour 
geometry

Yes

Non-invasive
No probe required 
(geometry only)

Largely independent of 
material properties

Relative measurements
Sensitive to image 
segmentation noise

112–122

2D traction microscopy: a cell (pink) is laid on a hydrogel (orange) embedded with microbeads (grey). Traction forces (blue) exerted by an adherent cell (magenta) are computed from 
displacement (green) of the bead (black). 3D traction microscopy: a cell (pink) is embedded on synthetic or native ECM containing microbeads (grey). Traction forces (blue) exerted by the 
cell (magenta) are computed from displacement (green) of the bead (black). Micropillars: a cell (pink) is laid on micropillars at rest (grey). Traction forces (blue) exerted by an adherent cell 
(magenta) are computed from the displacement (green) that they induce by bending the pillar (black). Cantilevers: a cell (pink) is laid on a plate (orange) underneath an AFM cantilever (grey). 
The deforming cell (magenta) exerts forces (blue) that can be computed through displacement (green) of the deformed cantilever (black). Inserts: an undeformed insert (grey) is introduced 
in a cell aggregate (pink). Cell forces (blue) exerted by migrating or stretched cells (magenta) are computed from deformation (green) of the insert (black). Molecular sensors: cell features 
(pink) are connected to a linker molecule (grey). Moving cell features (magenta) exert cell forces (blue) that can be computed through FRET (green) of the stretched linker molecule (black). 
Monolayer stress microscopy: interconnected cells (magenta) equilibrate cell–substrate tractions (green) through intercellular stresses (blue). Laser ablation: diverse features (grey) in cells 
(pink), specifically filaments in this illustration, may be severed through short and intense laser pulses (orange). Deformation (green) of the wounded feature (black) of these cells (magenta), 
displacement of a retracting fibre in this specific example, is used to compute tension (blue). Force inference: cell edges (pink) in equilibrium at triple junctions are displaced (magenta) by 
inter- and intracellular forces (blue). Angle variations (green) with respect to the equilibrium configuration are used to estimate cellular forces.
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discrete, rather than uniform, adhesive surface presented to cells greatly 
influences the morphology of cell–ECM adhesions. Although less of an 
issue on pillars with sub-micrometre diameter47,48, the recruitment of 
integrins and adhesion proteins will be affected by the ECM pattern-
ing imposed by the pillars. Additionally, even if some approaches have 
been proposed55, calculating an effective stiffness of such substrates for 
comparison with physiological conditions is not straightforward. Finally, 
fabrication technologies restrict the stiffness range (approximately one 
order of magnitude) compared with continuum substrates (more than 
two orders), limiting the ability of micropillars to reproduce the wide 
variations in stiffness found among different types of in vivo tissues.

While generally operating at the cellular and tissue levels rather than 
at the subcellular one, other approaches consist of attaching cells to 
cantilevers in atomic force microscopes (AFMs)56, as well as optical57,58 
or microelectromechanical systems (MEMS)59 approaches to measure 
forces. Despite the loss in spatial resolution, those devices often have the 
advantage of a precise, real-time conversion of cantilever deflection and 
force into an electric signal, which also enables the implementation of 
force feedback systems (Fig. 1g–h).

Droplets and inserts. Traction microscopy and cantilever-based meth-
ods are useful to measure cell-generated surface forces in vitro but they 
are not applicable in vivo. A new approach that overcomes this limi-
tation is the insertion of deformable materials of known mechanical 
properties in the tissue of interest. This method was first demonstrated 
using microinjected micrometre-sized oil droplets of known surface ten-
sion coated with adhesion receptors60 (Fig. 1i,j). Reconstruction of the 
droplet shape through standard imaging techniques provides a measure-
ment of the anisotropy of the local stresses in the tissue. Combination 
of oil-droplets with ferrofluids enables not only the quantification of 
cell-generated forces but also the application of controlled forces61. One 
caveat is that droplet incompressibility prevents a directed measurement 
of the isotropic component of the stress. Therefore, this technique can-
not discern between isotropic pushing and pulling, but it is informative 
of stress anisotropy. Other limitations are the assumption that surface 
tension of the droplet is unchanged by its insertion in tissue and the 
absence of a direct measurement of the shear stress on the droplet. Some 
of these limitations have been partially overcome by the recent use of 
hydrogel-based inserts, which allow shear-stress measurements as well 
as absolute-stress measurements by virtue of their well-characterized 
compressibility and poroelasticity62.

Molecular sensors. The techniques described above provide force maps 
at the cell surface by measuring deformations of the inert biomateri-
als that surround the cell. The very same principle can be used at the 
nanoscale to measure the force borne by a specific molecule; if mate-
rial mechanical properties can be assessed at the molecular scale, then 
deformations of individual molecules can be converted into forces. This 
principle has been harnessed to generate a wide array of sensors measur-
ing molecular forces63 (Fig. 1k,l; Table 1). Here the mechanical response 
(force–extension curve) of molecular domains of choice (linkers) is first 
determined through single molecule techniques such as atomic force 
microscopy or optical tweezers. After this calibration step, linkers are 
coupled to molecules of interest. As the nanoscale deformations of indi-
vidual molecules cannot be resolved optically, they are measured indi-
rectly through fluorescence microscopy. In a common implementation, 

a ‘cassette’ containing a mechanically calibrated linker flanked by two 
different fluorophores is encoded into a protein of interest. Force appli-
cation to the molecule causes stretching of the linker, thereby altering 
fluorescence resonance energy transfer (FRET) between the two fluoro-
phores. The mechanical properties of the linker, for instance an α‑helix64 
or different peptides65,66, and the FRET range of the fluorophore pair 
determine the sensitivity and force range of the sensor, which typically 
spans from 1 to 10 pN. This approach has been used to quantify forces 
transmitted across a variety of proteins, including vinculin66, talin67, 
E‑cadherin68,69, VE‑cadherin, and PECAM70.

If the aim is to measure forces across extracellular ligands such as 
ECM molecules, sensors can be synthesized and then coupled to cell sub-
strates71–74 rather than being genetically encoded. This strategy expands 
the choice of linkers and fluorophores, allowing, for instance, the use 
of fluorophore–quencher pairs, which increase their fluorescence as 
they are separated72,73. By providing a direct fluorescence measurement 
rather than a ratiometric one (as in FRET), sensitivity can be dramati-
cally increased. As an alternative to protein domains, DNA hairpin link-
ers allow for a ‘digital’ readout, displaying whether the threshold to open 
the molecule has been crossed72,73. The force threshold can be controlled 
by tuning the DNA sequence75–77. In addition to DNA, larger and more 
mechanically stable proteins can be used, enabling the measurement of 
forces up to the 100 pN range78.

In summary, although molecular force probes only quantify the mod-
ulus and not the direction of force exertion, they provide fundamental 
information on force levels experienced by specific molecules. Certain 
issues remain to be resolved, namely the discrepancy in reported force 
levels between different approaches71–73, the difficulty in precisely infer-
ring forces from molecular extension due to its stochastic nature and 
its dependence on force-loading profiles, and the distinction between 
average and individual molecular forces. However, this approach opens 
the door to an enormous wealth of new information on molecular force 
transmission that is potentially fundamental in elucidating molecular 
mechanisms in mechanobiology.

Force sensors based on unknown material properties
The techniques discussed thus far are based on quantifying the defor-
mation of inert sensors, the material properties of which can be char-
acterized. Therefore, these methods provide exact force measurements 
within the uncertainty of material calibration and measurement noise. 
A different family of techniques is based on applying static or dynamic 
force balance principles to cellular structures, the mechanical properties 
of which are unknown. In principle, these techniques are less powerful 
but they yield reliable results within a range of reasonable assumptions.

Monolayer stress microscopy. Soon after the development of traction 
microscopy it was recognized that knowledge of traction forces was 
sufficient to compute average intracellular tension using force balance 
arguments79. This idea was later refined to enable the quantification 
of intracellular and intercellular tension in cell collectives such as cell 
doublets80,81, clusters82, and monolayers28,83–85. In this Review, we refer to 
this technique as monolayer stress microscopy (MSM). The rationale 
behind MSM can be simply illustrated as a tug-of-war. If the (traction) 
force exerted by each player on the ground is known, then tension eve-
rywhere in the rope is fully defined by Newton’s laws86. Similarly, if trac-
tion exerted by a cohesive group of cells is known, then tension at cell 
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junctions is defined. This principle can be extended to a two-dimensional 
cell system such as a cell monolayer to compute the two-dimensional 
stress tensor within and between cells83,87–89 (Fig. 1d; Table 1). Unlike 
the unidimensional case, recovery of 2D stress requires assumption of 
material properties, specifically of the compressibility of the system. This 
property is generally not accessible, but this may not be an issue as com-
pressibility variations over a reasonable range result in minor changes in 
the recovered stress tensor90,91. Monolayer stress microscopy thus far has 
mainly been based on the assumption that monolayers are thin elastic 
sheets of homogeneous mechanical properties83. Recently, this restriction 
has been lifted by combining traction force maps and imaging of focal 
adhesions and stress fibres, which allowed quantification of tension car-
ried by each fibre92. Because MSM uses traction force maps as an input, 
the technique is affected by the limitations of traction microscopy in 
terms of spatial resolution and computational costs.

Laser ablation. Laser ablation is an established technique in which laser-
pulse energy is focused to obliterate biological structures that transmit 
forces at the subcellular, cellular or tissue level (Fig. 1m–p; Table 1). 
Different ablation modes include severing cytoskeletal elements93–95, 
intercellular junctions96–100, and supracellular cables101, as well as oblit-
erating cell cortical networks102–104 and individual or multiple cells105–109. 
Laser ablation generally causes the expansion of the targeted structure. 
This indicates that the ablation locus and its surroundings prior to 
ablation were under tension in the direction opposite to that of expan-
sion—an ablation followed by shrinkage would instead indicate tissue 
compression. These qualitative considerations can be made quantita-
tive if material properties are known or assumed. Ablated structures 
usually undergo a damped elastic recoil, that is, the speed of the wound 
edge exponentially plateaus to zero over a characteristic time interval τ 
(viscosity-to-elasticity ratio)93,96,103,104. In such cases, the initial speed of 
the wound edge provides a local estimate of the tension-to-viscosity ratio 
whereas the final extent of wound recoil provides a local estimate of the 
tension-to-elasticity ratio.

Force estimation conducted through laser ablation is limited by the 
assumption that material properties are constant and uniform across 
experimental conditions. If these material properties can be determined 
through independent methods, force measurements through laser 
ablation may be considered absolute and can also be compared across 
different biological systems. This could be achieved, for example, by 
combining laser ablation with non-contact tools to map cell mechan-
ics110. Despite these limitations, laser ablation remains a very versatile 
technique because it allows sampling relative magnitude and direction 
of tension through multi-scale ablation modes both in vitro, in vivo and 
ex vivo97,99–102,104,105,108,109. Moreover, laser ablation may be combined with 
in silico modelling for a more complex assessment of cell and tissue 
mechanics93–95,98,100,103–105. Thus, despite its invasiveness and underlying 
assumptions regarding material properties, laser ablation is often the 
technique of choice to infer relative tension levels at cytoskeletal fibres 
and cell junctions.

Geometric force inference. When combined, all forces arising in cells 
and tissues must equilibrate inertial forces at all times (Newton’s second 
law). These forces may include cellular cortical tensions, elastic forces 
associated with subcellular components, pressures generated by the 
inner cytoplasm and frictional responses to deformation. In the vast 

majority of experiments at cell and tissue level, inertia is negligible and 
cell forces equilibrate each other by adding up to zero. If motions of cells 
and tissues are also slow enough, viscous forces too will be negligible 
with respect to all other forces defining the physics of the biological sys-
tem. Furthermore, biophysical quantifications often extend over time-
scales long enough for cellular poroelastic effects to be irrelevant111. With 
these assumptions in mind, a static force balance of only two primary 
forces can account for the mechanics of cells and tissues: intracellular 
pressures and cellular cortical tensions112–119. On a first level of approxi-
mation, intracellular pressures and cortical tensions can be assumed to 
be uniform within each cell and over cell membrane segments between 
consecutive intercellular junctions.

Such biomechanical understanding of cells is the foundation of a 
class of techniques known as the geometric force-inference methods 
(Fig. 1q–t; Table 1). Under the physical assumptions mentioned above, 
these methods are independent of the specific material properties of cells 
and tissues, including whether these are (poro)elastic, viscous or vis-
coelastic111. This methodology consists in measuring the angle at which 
cell membranes join double and triple junctions with their neighbours. 
Forces are inferred from deviation of these angles from their equilibrium 
configuration. Cell boundaries and angles can be determined through 
segmentation of microscopy images, a feature that makes force inference 
techniques non-invasive. However, this class of techniques can only infer 
forces providing a relative rather than absolute value.

Force inference approaches have evolved to tackle issues affecting the 
technique, which mostly concern the stability of the solution process and 
its sensitivity to noise—including that due to image segmentation112–118. 
These problems could be addressed through advanced equation solvers 
and modified assumptions about the forces involved in the biological 
process being quantified. A significant advancement in addressing these 
problems ensued from allowing the edge lines segmenting cell bounda-
ries to be curved112. Recent geometric improvements in force inference 
methods enable force quantification in 3D117, as well as addressing bio-
logical contexts where it is not possible to assume slow motions and 
neglect viscous forces120. Fitting dynamic models of cell mechanics to 
quantitative data of cell shape and cytoskeleton flows has enabled force 
inference during polarization of Caenorhabditis elegans embryos121 and 
cell division122. Despite underlying assumptions, force inference methods 
are not invasive and, as such, they are preferred to laser ablation methods 
to quantify relative forces during dynamic processes in vivo.

The cell as a force sensor
The most relevant force sensor in biology is not a device fabricated in a 
laboratory by scientists; rather, it is the cell itself. How cells sense forces is 
a research topic in itself that has been extensively reviewed elsewhere123–125. 
However, it is worth highlighting the analogy between human-made 
and ‘cell-made’ force sensors, and to briefly address how the latter can 
be studied experimentally (Table 2). As in the research tools described 
above, cellular force sensors require materials having known properties 
and becoming deformed in a specific way on force application. Although 
some studies have suggested that cellular force sensors could involve the 
entire cell cytoskeleton46, they are generally assumed to consist of local 
molecular structures that change conformation when force is applied. 
These molecular structures are comparable to the molecular force sensors 
described above with one key difference: instead of leading to the emis-
sion of light, force application alters their conformation and changes their 
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activity or affinity for binding partners. Conformational changes include 
molecular extension126, domain reorientation127, unfolding of previously 
folded domains128, bond rupture129 and opening of ion channels130,131. 
The study of such force-induced molecular conformational changes has 
exploded due to the development of nanotechniques allowing precise 
mechanical manipulation of single molecules through, for instance, AFM 
or magnetic and optical tweezers. This has allowed the in vitro study of 
the mechanosensing properties of cytoskeletal proteins like talin128,132, 
α‑catenin133, or titin134, among many others. A significant challenge is the 
measurement of such conformational changes within live cells. Although 
correctly isolating single molecule interactions within cells can be prob-
lematic, this can be achieved for membrane-bound proteins with extra-
cellular domains accessible to external probes. For instance, AFM and 
biomembrane force probe techniques have been used to study how force 
affects integrin extension126, the dissociation of integrin–ECM bonds135 
and the unfolding of glycoproteins136.

The precise measurement of force-induced conformational changes in 
intracellular molecules remains a significant problem, although different 
approaches have been proposed. Margadant et al.137 labelled the two ends 
of talin molecules with different fluorophores to monitor talin extension 
in vivo. However, conclusively identifying which fluorophore pairs cor-
respond to the same molecule is non-trivial, and involves various assump-
tions and intensive image processing. Similarly, Rivas-Pardo et  al.134 

labelled specific domains of titin within sarcomeres using quantum dots, 
and then harnessed the large size of the titin molecules to resolve the 
separation between quantum dots and monitor their extension. The Vogel 
group138,139 labelled domains of the ECM protein fibronectin with FRET 
fluorophore pairs, demonstrating protein extension in response to force. 
Krieger et al.140 used a cysteine shotgun technique to specifically label 
cysteine residues, and found that cysteine labelling in several proteins was 
altered after mechanical stimuli in live cells. Because cysteine is often bur-
ied within the tertiary or quaternary protein structure, this is indicative 
of force-induced conformational changes leading to cysteine exposure. 
Finally, electron microscopy images of cellular cryosections have been 
used to detect tension-induced conformational changes in membrane 
structures like caveolae14. In all of those techniques, comparisons of dif-
ferent conditions submitted or not to mechanical forces are essential to 
assess whether the detected conformational changes are indeed force-
induced. However, it is often difficult to completely rule out other causes, 
or to distinguish whether forces affect the protein under study directly or 
downstream of a mechanosensing cascade. Recently, we have proposed 
an alternative method to evaluate the role of molecular mechanics by 
introducing mutations previously demonstrated to affect talin mechani-
cal unfolding at the single molecule level in vitro141. By comparing the 
effect of wild-type talin versus the mechanical mutant, it was possible to 
isolate the effects mediated specifically by force-induced talin unfolding16.

Table 2 | The cell as a force sensor. 

Mechanotransduction

Example 
molecule

Typical force
Length 
scale

Force-induced event References Schematic 

Cytoskeleton Actin 1 nN 1–10 μm Cytoskeletal remodelling 46

Molecular extension
Integrin 
αVβ3

10 pN 10 nm Switch from bent to extended configuration 126

Unfolding Talin 1 pN 102 nm Unfolding of molecular domains 128

Domain reorientation Filamin Unknown 10 nm
Change in angle of dimer crosslinking,  

exposing integrin-binding sites
127

Bond rupture
Integrin 
α5β1

10 pN 10 nm Rupture of integrin–ECM bonds 129

Opening of ion  
channels

Piezo1 10 pN 10 nm Gating of ion channel 131

Cytoskeleton: a cell (pink) responds to different forces (blue) transmitted to their substrate by reorganizing their cytoskeleton (grey/black). Molecular extension/unfolding: a molecule is in a 
folded/bent configuration (grey), but under force (blue) extends and exposes a binding site (black) to another molecule (green). Domain reorientation: a molecule (pink) changes conformation 
(magenta) under force (blue), altering the affinity (green) for a binding partner (black). Bond rupture: a bond (grey) between two molecules breaks (black) under force (blue). This bond can 
be intracellular, intercellular, or link cells (pink/magenta) to their surrounding ECM. Opening of ion channels: an ion channel on the cell membrane (pink) changes conformation under force 
(membrane tension, blue), altering its ability to transport ions (grey/black).
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Since cell responses to mechanical signals involve complex signalling 
cascades, whether and how cells respond to forces can be assessed by 
measuring downstream events. Typical force-sensitive events include 
changes in focal adhesion dynamics142,143, membrane currents triggered 
by mechanosensitive channels144, activation of effectors such as Src145 or 
vinculin146, and nuclear localization of mechanosensitive transcriptional 
regulators147. Additionally, the cell response can be studied after applica-
tion of external forces through devices such as magnetic or optical twee-
zers148–150. However, it is important to note that such techniques, while 
providing fundamental information on mechanosensitive cascades, do 
not directly assess the specific mechanism by which cells sense forces.

Conclusions and outlook
The past two decades have seen the development of a wide variety 
of techniques to probe cell-generated forces. These techniques have 
revealed an unanticipated variety of mechanisms through which cells 
move, differentiate, divide, remodel, flow, and sense their microenvi-
ronment. These mechanisms are now known to operate at multiple 
length scales ranging from molecular forces that unfold cryptic protein 
domains to long-ranged supra-cellular force patterns that govern col-
lective cell migration and wound healing. Physical forces are no longer 
seen as simple switches of mechanotransduction but also as mechanisms 
to propagate information within and between cells.

In this Review, we have provided an overview of current techniques 
to quantify cell-generated forces. The most reliable of such techniques 
are those based on measuring the deformation of materials with known 
properties (Fig. 1a–c,e–l; Table 1). However, these techniques are gen-
erally restricted to in vitro systems and they are sometimes affected by 
low signal-to-noise ratios. Alternatively, cell-generated forces can be 
inferred by using techniques that require a set of mechanical assump-
tions such as laser ablation or geometric force inference (Fig. 1d,m–t; 
Table 1). Whereas these techniques are, in principle, less desirable than 
those based on sensors of known mechanical properties, they are often 
the only choice to access forces at cell junctions, at cytoskeletal fibres 
and in vivo. Quantification using these techniques is reliable, provided 
underlying assumptions are correctly assessed for each specific experi-
mental condition.

Besides the nature of the sensor and the associated mechanical 
assumptions, the investigator will need to consider several factors 
before opting for one technique over the other. These may include: 
whether the sample is in vivo or in vitro, in 2D or 3D, and physically 
accessible for contact; whether absolute force values are required or 
relative ones suffice; whether the process is dynamic and requires time-
lapse measurements, or a one-off time point quantification is sufficient 
(even at the cost of destroying the sample). In addition, spatial reso-
lution (nanoscale versus microscale) and force resolution (from the 
piconewton scale to hundreds of nanonewtons) need to be carefully 
analysed. With these considerations in mind, the reader is referred to 
Table 1 of this Review to identify the techniques best suited to address 
a particular scientific question.

We currently have access to a wide repertoire of techniques to probe 
cellular forces, but these techniques still require specialized skills and are 
far from becoming routine laboratory tools. The simplest techniques, 
such as traction force microscopy to probe cell–ECM forces in vitro, are 
rapidly leading the way towards standardization through reproducible 
experimental protocols and open-source software. Other tools, such as 

molecular force sensors, hold promise for force quantification in vivo, 
but are still affected by calibration issues and low signal-to-noise ratio. In 
light of the increasing realization of the importance of mechanobiology 
in life sciences, it is not unreasonable to imagine that force measurement 
tools will become as standard as those to measure gene expression and 
protein concentrations.
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